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  Abstract   Cells form the basic unit of life. Their health and activities can be 
quantified by a multitude of biochemical and biophysical techniques that measure 
responses to external or internal stimuli. Many experimental approaches attempt 
to integrate molecular mechanisms with changes in the mechanical properties of 
cells, such as visocoelasticity and compliance, to link cell function with structure. 
An emerging view of cellular heterogeneity is that even within homogenous cell 
populations, individual cells may exhibit unique behavioral characteristics that 
deviate significantly from the population average. Here, several approaches for 
quantifying biophysical cellular responses are briefly reviewed and linked to spe-
cific underlying molecular mechanisms. We succinctly describe each approach 
and then elaborate on a new interferometer-based method for higher-throughput 
biophysical analysis of single cells within populations.    

 Cells adapt to changes in their microenvironment through coordinated molecular 
and mechanical activities. A variety of methods have been developed to interrogate 
cellular mechanical properties, such as viscoelasticity and deformability, mainly at 
the single cell level of analysis. These approaches include atomic force microscopy 
(AFM),  [1–  4] , bio-microrheology (BMR),  [5–  7] , magnetic twisting cytometry 
(MTC),  [8] , magnetic pulling cytometry (MPC),  [9] , micropipette aspiration, 
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 [10,   11] , microplate stretching rheometry,  [12] , optical stretching rheometry,  [13] , 
 optical tweezers  [14,   15] , and many derivative methods 

   11.1   Approaches in Single Cell Biomechanics 

 AFM can measure dynamic changes in cell membrane rigidity, which may be used 
to infer underlying changes in signal transduction pathways or cytoskeletal compo-
nents that can then be validated by standard molecular biology techniques,  [2,   3, 
  16] . An AFM microcantilever is usually fabricated from silicon-based materials 
(Si, Si 

3
 N 

4
 ) with a sharp tip at the terminal end, only hundreds of angstroms in size. 

When brought in contact with the cell surface, microcantilever deflections over 
time are detected by the motion of a laser reflected off the top surface of the canti-
lever. There are two predominant modes of AFM analysis for live cells, contact 
mode and tapping mode. In contact mode, the AFM tip is drawn to the sample 
surface until contact is made, followed by a sweep over the sample surface under 
constant deflection, controlled by a feedback piezoactuator. Because there is con-
tact with the surface, the microcantilever spring constant is typically less than the 
elastic forces maintaining the cell’s shape, and this value is usually close to 0.1 nN/
mm  [17,   18] . The feedback signal, recording the change in force needed to maintain 
a constant deflection, is processed as an image to reconstruct the appearance of the 
cell scanned at nanometer resolution. In tapping mode, the microcantilever oscil-
lates above the sample surface, controlled by a piezoactuator. The deflection forces 
are processed into an image of the cell surface. The elastic or Young’s modulus can 
be calculated from the deflection measurement and known spring constant of the 
microcantilever. The elastic modulus is a measure of the compliance of a cell. The 
lower the elastic modulus, the more prone the cell is to deformation. 

 Bio-microrheology (BMR) typically utilizes 100 nm-range fluorescent micro-
beads placed inside a cell as probes, rather than probing at the plasma membrane. 
In force-induced or active, BMR probe motion is controlled by an applied force, 
which can be from an external source, such as a magnet or laser tweezers, or by an 
intracellular ATP-dependent driver, such as the molecular motor proteins kinesin, 
dynein, and myosin  [6] . In contrast, thermal or passive BMR is based on an exten-
sion of concepts from the Brownian motion of particles in simple liquids  [5–  7] . 
Microbead probe introduction is either passive, by endocytosis, or active, by micro-
injection or ballistic injection. The effect, if appreciable, on probe motion or loca-
tion based upon the manner of probe introduction has not yet been systematically 
analyzed. In passive BMR, rapid, real-time video microscopy records small probe 
tracking displacements over time in the horizontal plane to evaluate the cell interior. 
Probe trajectories are used to calculate the time-dependent mean-squared displace-
ment (MSD) of each probe to determine the rheological properties of the complex 
intracellular fluid microenvironment, such as the viscoelasticity. With step increases 
in stress, such as from step increases in an applied force, the creep compliance of 
each cell can be determined. MSD calculations can also be used to determine indi-
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vidual probe motions, including trapped, subdiffusive, diffusive, combined diffusive 
and convective, and ballistic or purely convective particle trajectories, which can 
identify unique rheological subregions within single cells. Because the creep 
compliance is a measure of deformation with stress, this property can be used to 
calculate the interior elastic modulus and Young’s modulus of a cell. 

 MTC and microplate stretching rheometry have been used in conjunction with 
chemical inhibitors, stimulants, or gene transfection to assess the role of cytoskel-
etal components, signal transduction pathways, and malignant cell transformation 
on cell rheologic properties. In MTC, ferromagnetic beads are attached to a cell 
membrane through a linked ligand that targets a specific membrane receptor. Using 
an applied magnetic field, the cell is stretched biaxially by the twisting of attached 
magnetic beads  [19] . The bead rotation is measured by a magnetometer or optically 
 [20]  to calculate the elastic modulus of a cell. In microplate stretching rheometry, 
 [21,   22] , a single cell is grown between two borosilicate plates, one being rigid and 
the other flexible. As a cell deforms, due to changes in plate distance controlled by 
piezoelectric transduction, the deflection on the flexible plate, precalibrated for 
stiffness, is measured to calculate the viscoelastic properties of the cell. 

 Optical tweezers measure force displacement by focused laser beam trapping of 
beads attached to opposite ends of a single cell, which causes uniaxial stretching. 
Typically, the beads are a few microns in size and are attracted to a region with the 
highest photon density in a photon density gradient, created by a focused laser 
beam.  [23] . Similarly, optical stretching uses counter-propagating divergent laser 
beams to trap and stretch individual cells  [24] . However, optical stretching does not 
require pendant dielectric beads on the cell and uses two laser beams, which need 
not be focused. Cell stretching is achieved by asymmetric trapping of a cell, which 
imparts a resulting force, on the order of tens of pNs. Based on this stretching, 
stress profiles and deformability can be calculated for a cell. 

 In micropipette aspiration,  [10] , a suction pipette is used to aspirate a single cell 
and hold it firm at the pipette tip. The positive (suction) pressure required to do this 
is on the order of 100 Pa. By tracking the deflection of a bead attached to the cell 
opposite the aspirated end, the cortical tension, or the physical forces acting on the 
cell cortex that contribute to a defined cell shape, can be calculated.  

   11.2   Molecular Linkage to Cell Biomechanical Properties 

 Insights into global cell responses to specific stimuli can be gained by linking cell 
biomechanical properties with signal transduction, biochemical pathways, and the 
intracellular matrix, cytoskeleton, and cell membrane. For example, AFM has been 
used to investigate the relationship between Rho-A activation and cellular rigidity 
in human bronchial epithelial (HBE) cells. HBE cells transfected with a Rho-A 
inhibiting adenovirus that blocked normal Rho-A activity were significantly more 
deformable than control adenovirus infected cells  [25] . These data seem logical 
since Rho-GTPases form a group of signaling proteins implicated in the regulation 
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of cell motility, cell morphology, cytoskeletal reorganization, and tumor progression 
 [26] . Perhaps less intuitively, the biomechanical effects of steroids have also been 
explored at the single-cell level using AFM. Endothelial cells were treated sepa-
rately with progesterone, estradiol, testosterone, aldosterone, and prednisolone, but 
only estradiol and aldosterone altered cell rigidity and shape, with aldosterone 
enhancing and estradiol lessening cell rigidity  [27,   28] . These selective biome-
chanical activities would be harder to predict than the activities of the Rho-GTPases, 
but they do parallel the selective biochemical, physiological, and clinical effects of 
different steroid compounds  [29] . The relationship between environmental factors 
and cell responses, such as plasma sodium and aldosterone exposure for endothelial 
cells, is of great interest in vascular inflammation and has also been studied with 
AFM  [30,   31] . Endothelial cells treated with increasing levels of sodium alone 
showed no changes in cell rigidity. However, when treated with aldosterone, cell 
stiffness increased in constant sodium conditions. These findings extend the ongoing 
work  [32]  that may implicate endothelial cell dysfunction and increased cell rigidity 
in hypertension for patients with cardiovascular disease. 

 Cells in our bodies are constantly subjected to interstitial (non-vascular) fluid 
flow between cells, which is a common environmental feature of multicellular 
organism physiology. Studies of mouse fibroblasts using conditions that model 
interstitial fluid flow revealed increased cellular rigidity. Mouse fibroblasts sub-
jected to shear stress also stiffened through increased actin reorganization and Rho-
kinase activation  [33] . Paralleling this result, BMR measurements of mouse 
fibroblasts  [34]  showed increased cellular viscosity and rigidity as a consequence 
of Rho-kinase activation. Mouse fibroblasts treated with LPA, a Rho-kinase activa-
tor, doubled in cell rigidity, further supporting the influence of Rho-kinase activa-
tion on cell rigidity and motility, and validating these links between cell physiology 
and biomechanics  [35] . 

 Biophysical methods have also helped to dissect the complexities of cellular 
structural organization. Recently, molecular complexes between nesprins and Sun 
proteins, known as LINC complexes, have been suggested as key structural ele-
ments in human cells, linking the nuclear lamina or membrane to the cytoskeleton. 
BMR studies in mouse fibroblasts  [36]  using ballistically introduced microparticles 
were tracked with and without transfection of known LINC complex inhibitors. The 
transfected cells were less rigid than control cells maintaining LINC complexes, 
suggesting a potential biomechanical component for, at least, some diseases associ-
ated with disruption of nuclear and cytoskeletal architecture. In contrast, micropi-
pette aspiration studies  [37]  of neutrophil responses to specific microtubule 
inhibitors that disrupt the cytoskeleton revealed a minimal dependence on the 
microtubule network for cell structural integrity. Neutrophils treated with colchi-
cine and paclitaxel, microtubule targeting drugs, increased cellular viscosity by 
30%, and cortical tension by 18%. These increases in viscosity and tension were 
attributed to the presence of a compensatory F-actin polymerization response to 
disrupted microtubulin. This response to maintain cell structural integrity high-
lights the global interconnectedness of the cytoskeleton network and the compensa-
tory processes that cells utilize to avoid mechanical collapse and death. 
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 Density differences in nuclear and cytoplasmic regions of stem cells have been 
detected using micropipette aspiration, and linked to cytokine signaling  [38]  and 
nuclear import of various biomolecules  [39,   40] . Nuclei in human embryonic stem 
cells were six times more rigid than the surrounding cytoplasm, yet deformed more 
readily than did fibroblasts derived from embryonic stem cell differentiation, impli-
cating a changing biomechanical nuclear environment with cell differentiation  [41] . 
Determinations of density differences between cells may be of great practical 
importance as well, because treatment efficacy has been linked to nuclear or cyto-
plasm density in some forms of leukemia  [42] . 

 Our own recent studies  [6,   7,   43]  measuring changes in viscoelasticity and mem-
brane rigidity in single cells treated with a microtubule-dissociating drug have led 
to a further understanding of the compensatory actions of the cytoskeletal network. 
AFM studies showed that upon treatment with nocodazole, a microtubule depo-
lymerizing agent, mouse fibroblasts exhibited local rigidity, rather than collapse 
and loss of structural integrity. The source for compensatory stabilization was likely 
a delicate and shifting balance between unstable, rapidly replaced tyrosinated 
microtubules (Tyr-MTs), stable detyrosinated long-term MTs (Glu-MTs), and the 
intermediate filaments of the cytoskeletal network. Our data suggested the exis-
tence of a pliable, so-called “transitional” mechanical state of a cell that can adjust 
to defects in the cytoskeletal network to avoid mechanical catastrophe and death. 
Detailed knowledge of this network action would likely be important for the design 
of drugs to rationally target specific components of the cytoskeleton, such as in 
therapy for cancer  [44] . Consistent with these AFM results, BMR studies also 
showed a metastable mechanical transition phase that cells rely upon after treat-
ment with nocodazole to avoid structural collapse. Overall, these two examples 
utilized different biophysical approaches to arrive at a complementary, mutually 
reinforcing model of a dynamic cytoskeletal compensatory response to maintain 
mechanical integrity.  

   11.3   Biomechanics for Numerous Cells in a Population- An 

Emerging Need? 

 Beyond determining single cell biomechanical responses to chemical and physical 
stimuli, or characterizing the structural properties of a cell, there is an increasing 
interest in utilizing viscoelastic and cell deformability changes to distinguish 
between cell types and possibly diseased cell states for potential clinical utility 
 [45] . Recent studies of single cancer cells indicate a number of characteristic and 
reproducible changes in viscoelasticity and cell rigidity correlated with malignant 
transformation  [13,   46,   47] , the epithelial to mesenchymal transition (EMT),  [48, 
  49] , chemotherapy exposure, and tumor cell responses  [50] . Measurements with 
optical tweezers of several malignant cell types reproducibly showed increased 
deformability compared with non-malignant cells, distinguishing a diseased state 
from a healthy state, based on differences in this cell mechanical property alone. 
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 Biomechanical analysis of cancer cells may also provide useful information 
beyond traditional pathology and genetic-based characterizations and tumor grad-
ing. For example, increased cancer cell deformability may portend metastatic 
behavior and support similar conclusions from genetic or biochemical tests, 
increasing the confidence of adopting specific therapeutic strategies. Increased cell 
deformability from malignant transformation has been shown for pancreas epithe-
lial, bladder epithelial, and mouse fibroblast cells. Panc-1, a pancreatic carcinoma 
cell line, showed enhanced deformability when treated with sphingosylphosphoryl-
choline (SPC), a lipid known to promote cancer metastasis, using microplate 
stretching. AFM studies comparing malignant and non-malignant human bladder 
epithelial cells showed that the Young’s modulus of the non-cancerous cells was an 
order of magnitude higher than that of the cancerous cells  [51] . A reduced vis-
coelastic modulus was also shown by AFM in simian virus 40-transformed, and 
H-Ras-transformed mouse fibroblasts, in comparison to non-transformed fibro-
blasts  [52] . AFM studies of metastatic lung, breast, and pancreatic cancer cells 
from patient’s pleural effusions showed that these cells were 80% more deformable 
than benign mesothelial cells ex vivo  [53] . A biomechanical comparison of benign 
versus cancerous breast epithelial cells using AFM revealed increased elasticity for 
the cancer cells, with a Young’s modulus almost double that of the benign cells 
 [18] . More recently, disease progression in prostate cancer was studied by AFM. 
Three prostate cancer cell lines and a benign prostate epithelial cell line from a 
patient with prostate enlargement showed distinct Young’s moduli, with the three 
cancer lines exhibiting reduced rigidity compared to the benign line  [54] . 
Interestingly, the varied metastatic potential between these three cancer lines was 
reflected in the differences obtained for Young’s moduli of these cells, and might 
be used to assess the likelihood for disease progression. Overall, mechanical differ-
ences between normal and cancer cells, or even between different cancer cells, 
suggests a detectable, quantifiable means for distinguishing between cell types, 
 [47] , diseased states,  [13,   55] , and possibly aggressive behavior based on cell vis-
coelasticity, rigidity, and deformation measurements. Data thus far, from a variety 
of different cancer types, both in vitro and ex vivo, using several biophysical meth-
ods suggests a general increase in deformability for cancer cells of many tissue 
types compared to the non-malignant cells from which they are derived. 

 Biomechanical studies of cancer and paired noncancerous cells has increased 
our understanding of cancer cell migration and motility, responses to stress, and 
signaling pathway activities  [56] . However, recent advances in the molecular and 
cell biology of cancer suggest that not all cancer cells function equally, resulting in 
current uncertainty over the malignant potential of individual cancer cells within a 
population, and an uneasiness about the best clinical approach to eradicate certain 
types of malignancy. This current uncertainty can be overly simplified into two 
models of cancer. One model is a clonal evolution model  [57] , which asserts that 
normal cells acquire a cancerous phenotype through the acquisition of multiple, 
often characteristic genetic or epigenetic alterations. A central feature of this tradi-
tional model is that all of the cells forming a cancer have a similar potential for 
reinitiating the tumor within a rather narrow range of variability. Eradicating a 
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cancer using this model requires removing or killing all of the cancer cells from a 
patient.    A competing model for cancer proposes the existence of relatively rare 
cells within a tumor, that are solely responsible for maintaining and reinitiating a 
tumor, rather than the bulk of the tumor cells themselves. These tumor-forming 
cells have been variously termed “cancer initiating cells” or “cancer stem cells” and 
a main focus of current research into cancer origins and therapy is focused on vali-
dating this model and identifying, characterizing, and eradicating these cells. This 
cancer stem cell hypothesis asserts that these cancer stem cells are solely capable 
of self-renewal and tumor propagation  [58,   59] . In order to determine which of the 
competing models is most accurate for a given subtype of cancer, a large number 
of cells in a tumor would have to be prospectively analyzed one-by-one for their 
ability to self-renew and reinitiate a cancer. Bulk tumor cells and cancer stem cells 
could harbor unique biophysical properties for the same reasons that tumor versus 
non-malignant cells and cells of differing developmental origin can be identified 
using biomechanical profiling. Therefore, to potentially, prospectively identify rare 
cells in a population, such as cancer stem cells, or even to determine which cells in 
a population respond to certain treatments or altered environmental conditions, 
higher throughput methods for biomechanical analysis of live cells than currently 
exists are required. We and  others are attempting to develop such new approaches.  

   11.4   Optical Profilometry for Higher Throughput Single Cell 

Biomechanical Profiling 

 We, along with the Gimzewski group at UCLA, devised a system that utilizes 
 optical profilometry for nondestructive, near real-time quantification of biome-
chanical responses to force application or drugs  [60,   61] . Optical profilometers, 
which are based on specialized microscopes with interferometric objectives, have 
been widely employed in the semiconductor, data storage, and MEMS fields for 
more than two decades  [62] . These systems produce rapid, accurate, and reproduc-
ible nanoscale characterizations of surface roughness, form, film thickness, and 
more recently, dynamic behavior of MEMS and other moving devices. We have 
shown that with a proper configuration, optical profilers can sensitively and rapidly 
measure the biophysical properties of living biological systems. 

 Typically, optical profilers utilize light from a single source that is split, directed 
and reflected from a test object and a high quality reference surface to generate 
fringes from the interference of these two beams. Fringes created, as the objective is 
scanned along the optical axis that are detected by a camera, and analyzed to deter-
mine the shape of an object. In order to evaluate living cells, the system must be able 
to measure objects in fluid, which requires additional, specialized optical compo-
nents to correct for the dispersive nature of the liquid medium. Also, the timescales 
of changing biomechanical properties can vary greatly, requiring a variety of 
measurement methodologies to maximize data, including strobed interferometry 
and video-rate deformation calculations. As discussed in the previous section, 
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the biophysical responses of individual cells can differ significantly from one 
another in a particular environment, making measurements of large numbers of cells 
in parallel an important requirement. This presents challenges, both in how to 
optimize the field-of-view for lateral resolution and how each image is analyzed, as 
the software intelligently tracks and logs information from many different cells 
simultaneously. 

 The optical profiler we used for live cell studies is, in principle, an optical 
microscope with a 20× 0.28NA Michelson interference objective that allows for the 
recording of not only lateral features with typical optical resolution (1.16  m m for the 
20× objective) but also height dimensions of reflective objects below the scale of 
one nanometer. Live cells are maintained in an environmentally controlled chamber 
with a glass observation window. The Michelson interferometer is composed of a 
beam splitter, reference mirror and compensating fluid cell to adjust for optical path 
differences induced by fluid in the observation chamber. During each measurement, 
the objective head is scanned vertically from the reflective surface below the cells 
to a height of 40  m  above the surface, such that each point in the volume passes 
through focus. The interferometer is aligned so that the interference intensity dis-
tribution along the vertical scanning direction has its peak (best fringe contrast) at 
approximately the best focus position (Fig.  11.1 ).  

  Fig. 11.1    Schematic of the interferometric profiler system used for live cell mechanical  measurements       
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 As shown in Fig.  11.2 , three types of images can be obtained: a bright field 
microscopic image of the cell ( left ); a three-dimensional profile of microreflectors 
resting on the cell surface ( middle ); and an optical thickness image of the cell itself, 
which corresponds to the material density at every pixel ( right ). The interferometric 
height profile includes only the microreflector, since the cell-liquid interface is mini-
mally reflective. Optical thickness, as discussed below, is calculated from the rela-
tive phase shift in the incident light as it propagates through the transparent film.  

 With this approach, the biomechanical properties of cells can be assessed in situ 
and in parallel using microindentation techniques. Samples are prepared for imag-
ing by placing engineered magnetic microreflectors on top of cells and using these 
microreflectors as indentation probes for measuring nanometer displacements in 
cell height and position. Biomechanical properties such as the elasticity, viscocity 
and deformability of cells can be ascertained by imparting a magnetic field on the 
microreflectors (20pN – 20nN) to measure force displacement on the surface of the 
cell. Typically, contact indentation models, such as the Hertz model, are used to 
derive quantitative material properties of the cell from the force vs. indentation 
data. Other models can be used which account for adhesive properties of the cell 
surface, such as the Johnson-Kendall-Roberts (JKR) contact model  [63] . A critical 
consideration for cell biomechanical studies is the dynamic range of the measure-
ment technique. Mammalian cells exhibit a wide range of Young’s moduli, from as 
soft as 10 Pa to as stiff as 100 kPa  [64] . We estimate that the optical profiler can 
effectively measure samples with elastic moduli that vary from several Pa up to 
~200 kPa, as currently configured. Live cells are known to exhibit complex fre-
quency-dependent viscoelastic properties  [21,   65,   66] . It is possible to use vis-
coelastic contact models to characterize the time-dependent elastic behavior of a 
cell, much like that routinely done for the study of soft polymers. In addition to the 
derived mechanical constants of the cell, interferometric imaging also provides 
direct biophysical data, such as cell thickness and position, for approximately 
~1,000 cells, at any given time. 

  Fig. 11.2    Bright field ( left ) interferometric ( middle ) and optical thickness (right) images of an 8 
micron microreflector ( arrows ) on a live NIH3T3 fibroblast in cell culture media       
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 Optical thickness determined by interferometry is a well established technique to 
quantitatively and non-invasively measure local material density in transparent 
samples  [67] . Figure  11.3  shows an optical thickness image of two live NIH3T3 
mouse fibroblasts cells. The image shows details of each cell’s internal structure, 
including the location of intracellular organelles. Cells are almost completely trans-
parent in the visible spectrum, and the index of refraction of the fluid is close to the 
index of refraction of the interior, which does not allow much light to reflect off of 
the cell surface. Thus, almost all the light travels through the cell, and the signature 
of the material distribution within the cell is left on the measured phase. This signa-
ture is linear with the optical thickness of the cell because the whole wavefront 
traveling through the cell is interfered with the independent reference wavefront, and 
thus, this type of measurement is called quantitative phase imaging. Other quantita-
tive phase imaging techniques are also being used for cell analyses, such as digital 
holography  [68]  and several interferometer variations  [69] . The quantitative mea-
surements of phase imaging avoids many issues of more traditional phase imaging 
techniques, such as Zernike phase contrast microscopy or differential interference 
contrast microscopy, that deliver only a qualitative measurement of cells.  

 Our initial studies  [60,   61]  evaluated the efficacy of using interferometry to 
profile live cells. We determined that the vertical motion in hundreds of NIH3T3 
and HEK293T fibroblasts can be monitored simultaneously at a spatial resolution 
of <20 nm. Viscoelastic constants were determined by fitting the indentation curves 
to a time-dependent version of the three-factor model for a spherical indenter .  For 
both cell types, the population viscoelastic constants were log-normally distributed. 
This result is in agreement with recent reports  [64] . In contrast, most AFM/probe-
based indentation studies have used small sample sizes ( n  < 30), and unlike optical 
profiling, do not have the sampling breadth to resolve the extended tail of the 
log-normal distribution. Failure to properly characterize this distribution can result 

  Fig. 11.3    Optical thickness image of live NIH 3 T3 cells in cell culture media       
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in erroneous conclusions when comparing experimental treatments or different cell 
types, especially when attempting to identify “outlier” cells that display distinct 
biophysical properties in a population. In addition, we achieved high throughput 
measurement of changes in viscoelastic behavior of NIH3T3 cells, when treated 
with cytochalasin-B, an actin depolymerizing drug. At low doses (0.1–1  m M), 
cytochalasin B does not produce large changes in the morphology of fibroblasts, 
although it does inhibit cell migration,  [70,   71] , and AFM indentation studies have 
reported minimal, if any, measurable change in Young’s modulus  [72] . In contrast, 
we determined that treated cells were more elastic, although their viscosity showed 
little or no decrease. 

 In a more recent study, the local redistribution of cell content was monitored as 
small indentions were made by highly magnetic probes, on the cell surface, using a 
rare earth magnet  [61] . There was almost instantaneous redistribution of cell material, 
as a result of indentation on the surface of the cell, which was undetected with con-
ventional optical microscopy alone. We analyzed the time-dependence of the content 
shift between specific regions of the cell by measuring the change in average optical 
thickness within four sub-regions of the cell body. The undriven regions responded at 
the same frequency as the driven regions, but with a temporal delay, as would be 
expected from a viscoelastic material. The amplitudes of motion of both the driven 
and undriven regions increased with time. Changes in local compliance were 
observed within 200s when force was applied cyclically to regions of the cell. It 
would be extremely difficult to measure these types of immediate viscoelastic param-
eters, at such a large scale, using conventional biophysical measurement techniques. 

 Our results show that optical profilometry achieves high throughput when mea-
suring biomechanical properties using indentation normal to the cell surface. This 
represents a significant throughput advance over AFM, and other optical approaches, 
such as confocal microscopy or microfluidic optical stretchers, which cannot accu-
rately measure mechanical properties of large arrays (hundreds to thousands) of 
cells simultaneously, with a single-cell specificity  [72,   73] . The mechanical 
dynamic range and effective magnification of interferometric optical profiling 
equals or exceeds existing wide-field optical particle tracking techniques,  [74] , 
which implies that the two could be used in combination to conduct rapid, fully-3D 
mechanical probing of large arrays of live cells.      
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